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chanics of the hydrogels is essential for tailored design adjustments for specific in vitro conditions. We
combined focused ion beam scanning electron microscopy and rheology to provide a detailed quanti-
tative atlas of the mechanical and nanoscale three-dimensional structural alterations that occur when

Keywords: manipulating different hydrogel’s physicochemistry. Moreover, we study the effects of such alterations
Mechanobiology on the phenotype of breast cancer cells and their mechanical interactions with the extracellular matrix.
Breast cancer cells Regardless of the microenvironment’s pore size, porosity or mechanical properties, cancer cells are able
Traction fOl'Ce m@CFOSCOPY to reach a stable mesenchymal-like morphology. Additionally, employing 3D traction force microscopy, a
Tumor microenvironment positive correlation between cellular tractions and ECM mechanics is observed up to a critical threshold,

Cell morphology

FIB-SEM beyond which tractions plateau. This suggests that cancer cells in a stable mesenchymal state calibrate

their mechanical interactions with the ECM to keep their migration and invasiveness capacities unaltered.

Statement of significance

The paper presents a thorough study on the mechanical microenvironment in breast cancer cells during
their interaction with collagen based hydrogels of different compositions. The hydrogels’ microstructure
were obtained using state-of-the-art 3D microscopy, namely focused ion beam-scanning electron micro-
scope (FIB-SEM). FIB-SEM was originally applied in this work to reconstruct complex fibered collagen
microstructures within the nanometer range, to obtain key microarchitectural parameters. The mechani-
cal microenvironment of cells was recovered using Traction Force Microscopy (TFM). The obtained results
suggest that cells calibrate tractions such that they depend on mechanical, microstructural and physico-
chemical characteristics of the hydrogels, hence revealing a steric hindrance. We hypothesize that cancer
cells studied in this paper tune their mechanical state to keep their migration and invasiveness capacities
unaltered.
© 2024 The Author(s). Published by Elsevier Ltd on behalf of Acta Materialia Inc.
This is an open access article under the CC BY-NC-ND license
(http://creativecommons.org/licenses/by-nc-nd/4.0/)

1. Introduction

Cancer is a devastating disease with an increasing incidence
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reflect incomplete understanding of the underlying biology of this
ample disease. It occurs due to a genomic instability induced and
regulated by external signals in the microtumoral environment,
which leads to tumor development and evolution, this being a dy-
namic process of extraordinary multifactorial complexity.

In the past decades, there has been a significant recognition
of the prominent role of the extracellular matrix (ECM) in can-
cer [2-4]. The ECM is a complex three-dimensional acellular as-
sembly of macromolecules and interconnected cell-scale fibers [5].
It determines the apparent and local mechanical properties of
a tissue providing a dynamic and bioactive structure that ac-
tively influences critical cell behaviors through mechanotransduc-
tion [5,6]. This multidirectional interaction impacts cell signaling
pathways, influencing cellular behaviors such as growth, differen-
tiation, apoptosis, migration, gene expression and signal transduc-
tion [2,7-11].

In general, cell spreading, and migration are significatively de-
pendent on the ECM stiffness and viscoelasticity [12,13]. In 2D
environments, cell spreading seems to be exclusively dominated
by an increase in substrate stiffness. Stiffer ECM stabilizes adhe-
sions while attachments have less stability and faster dynamics in
softer substrates [14,15]. In 3D, cell spreading occurs in microp-
orous matrices of sufficient stiffness [16]. Migration patterns vary
mainly depending on the pore size of the ECM; larger pores al-
low robust migration [17,18], while smaller pores require degrada-
tion or mechanical forces to create migration channels [19]. Nev-
ertheless, it is unclear to date whether the nanoarchitectural ob-
stacles imposed by the size of the ECM open spaces and the dense
three-dimensional microenvironment surrounding the tumor act as
a barrier to metastasis at certain lower porosity bound. In line
with this, recent studies suggest that highly invasive cancer cells
can adapt their phenotype to the microenvironment to migrate
through it, regardless of any potential barriers [20]. Solon et al.
[21] also reported that 2D cellular morphology and internal stiff-
ness, governed by the assembly of the cytoskeleton or the internal
stress, is also regulated by the mechanical properties of the sub-
strate. Furthermore, ECM stiffness and porosity affect cell apopto-
sis. Softer substrates in 2D cultures promote higher levels of apop-
tosis, while apoptosis can be triggered by confinement or restricted
cell volume in 3D substrates [12]. Regarding long-timescale pro-
cesses, including division and differentiation, the literature demon-
strates that the response of cells to substrate stiffness and mi-
crostructure is highly cell-type specific, as well as dependent on
the type of adhesion ligands to which the cell adheres [22]. In par-
ticular, the breast cancer cell line MDA-MB-231, proliferates rapidly
as substrate stiffness increases [23].

The extracellular matrix also undergoes remodeling with cel-
lular interactions. Cells respond to mechanical stimuli by altering
the ECM, modifying crosslinks or secreting enzymes, thus lead-
ing to a change of behavior of adjacent cells [24,25]. In non-linear
elastic matrices, the fibers align and increase the stiffness locally,
promoting higher cell force generation [26]. However, this pos-
itive mechanical feedback loop between cells and ECM absents
in linear elastic microenvironments [16]. Increased ECM density
and stiffness is observed during cancer progression and has been
linked with alterations in breast cancer cell metabolism [27,28].
For example, it has been shown that healthy breast tissue (with a
Young’s modulus of 0.2 kPa) is softer than a cancerous tissue (with
a Young’s modulus of 4 kPa) in advanced malignancy [29].

To understand the in vivo complexity and discover new ap-
proaches of cancer therapies, cell culture plays an important
role, from drugs development to modelling of cell-ECM interac-
tions. Traction force microscopy (TFM) is one of the most popu-
lar methodologies to quantify forces exerted by cells and to char-
acterize their mechanical microenvironment. For this purpose, in
vitro models of cellular systems are embedded in natural/artificial
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matrices. The mechanical activity of cells is then registered as fol-
lows: first, the displacement field is reconstructed in the hydrogel
volume by using fiducial markers (e.g. fluorescent beads), from a
cellular stressed state versus a relaxed one. Then, cellular tractions
are computed at the boundary of the cell, provided the mechanical
modeling and characterization of the matrix [30]. TFM has been
applied both to 2D [31-34] as well as 3D in vitro systems [35-37],
to cite a few. Using this methodology, the mechanical microenvi-
ronment of cancer cells has been investigated in several works. For
instance, Peschetola et al. [38] correlated epithelial bladder cancer
cell line stresses with cancer invasiveness. Rabinovitz et al. [39]
used a traction-force detection assay to detect forces exerted by
carcinoma cells through integrin «684, demonstrating that this in-
tegrin can transmit forces without the need to engage other inte-
grins. Figueiredo et al. [40] used micropattern traction force mi-
croscopy to elucidate the molecular machinery involved in the in-
vasiveness of gastric cancer cells mediated by E-cadherin muta-
tions. Additionally, other studies consider cancer cell lines in TFM
experiments, just to evaluate the TFM methodology or as examples
of applications of alternative formulations of TFM [41-43].

On the other hand, different cellular in vitro systems have been
investigated under different compositions of the matrix hydrogel.
Hydrogels with tunable mechanical properties have been massively
used in different applications in the last years (see the Tse & Engler
[44] and Li et al. [45] for a review, and references therein). Herrick
et al. [46] synthesized poly(ethylene glycol) (PEG) and phosphoryl-
choline (PC) with different stiffnesses, to study how substrate me-
chanical properties influence cell morphology, focal adhesion struc-
ture, and proliferation; across multiple mammalian cell lines. On a
step forward, Shayan et al. [47] developed controllable stress re-
laxation rate and stiffness hydrogels to modulate endothelial cell
behavior. Liu et al. [48] also reported that liver carcinoma func-
tional response can be modulated by tuning the nonlinear elastic
response, i.e. strain stiffening region, of polyisocyanide hydrogels.
Moreover, recent studies have pointed out how the use of stiff hy-
drogels can induce a mechanical memory into the tumor cells due
to epigenetic modifications that enable them to retain the biophys-
ical adaptations acquired in the primary microenvironment even
after their transference to softer substrates [49]. A few studies have
also attempted controlling hydrogels’ microstructure [50-52] and
microarchitectural organization [53,54].

Despite all this extensive research in this field, the impact of
hydrogels’ microarchitectural features, mechanical properties and
hydrogels’ source on tumor mechanical microenvironment have
not been thoroughly investigated. This work aims to characterize
and investigate the mechanical microenvironment of breast cancer
cells as they interact with several different hydrogels. In particular,
human MDA-MB-231 breast cancer cells were embedded in colla-
gen I type hydrogels from different natural sources, and hence dif-
ferent physicochemical compositions. Hydrogels were mechanically
tested in shear rheology assays, and their microarchitectures were
also characterized using state-of-the-art 3D microscopy techniques,
namely focused ion beam-scanning electron microscope (FIB-SEM).
FIB-SEM was originally applied in this work to collagen matrices,
and it allowed the reconstruction of complex fibered microstruc-
tures with extreme accuracy within the nanometer (nm) range,
to obtain key microarchitectural parameters such as fiber density
or pore size, amongst others. The state of the art for evaluat-
ing fibered matrix morphology in the context of cell mechanics is
performed through optical methods that still provide incomplete
and/or inaccurate structural information of the fiber network [55].
Cellular tractions, displacements and strain energies of breast can-
cer cells were measured using 3D TFM, as indicators of their me-
chanical microenvironment, for the different considered cases. The
battery of collected results allowed us to explore the impact of me-
chanical, physicochemical and microarchitectural matrix features at
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Scheme 1. Scheme of the prepared collagen-based hydrogels and overview of the FIB-SEM imaging procedure to characterize the microstructure of the hydrogels. A) Types
of collagens as a base material for the hydrogels: bovine dermis-based (BOV), rat tail-based (RAT) and mixed collagen (MIX) and concentrations studied for each composition:
0.8, 1.5 and 2.3 mg/ml. B) Scheme of the FIB-SEM setup. The focused ion beam (FIB) and SEM (scanning electron microscope) columns are oriented at a 54-degree angle
and positioned to coincide on the surface of the hydrogel at a single point. Tracking marks in a lateral platinum protective layer allow correcting misaligned sections in
further post-processing. C) Examples of the hydrogel's surface scanned using FIB-SEM. D) 3D-reconstruction of the collagen structure after post-processing and thresholding

the acquired images (6 x 6 x 6 pum) and its fiber thickness and pore size maps.

the nanometer scale on the micromechanical environment of tu-
moral cells.

2. Materials and methods
2.1. Collagen-based hydrogel preparation

Nine different type I collagen hydrogels were studied with col-
lagen sourced from only bovine dermis (BOV), only rat tail (RAT),
or a 1:1 combination of both (MIX); at concentrations of 0.8, 1.5,
or 2.5 mg/ml, as illustrated in Scheme 1A. Bovine dermal col-
lagen was obtained as non-pepsinized, acidified solution (stock
concentration 4.0 mg/ml; CollagenG; Matrix Bioscience, Deutsch-
land, Germany); rat tail collagen was non-pepsinized and acidified
(stock concentration 3.95 mg/ml; Merck Millipore, Darmstadt, Ger-
many). All experiments described in this article were performed
using collagen from the same batch to avoid variability. Collagen
mixes were prepared in a 50 ml conical tube with a total vol-
ume of 1 ml, keeping all reagents and pipet tips on ice to pre-
vent the uncontrolled polymerization of the hydrogels. Polymer-
ization was induced in vitro by raising the pH to 7.4 using 1 M
NaOH (Sigma-Aldrich, Missouri, USA) and buffering by 0.36 M
NaHCO3 (Merck KGaA, Darmstadt, Germany), together with Dul-
becco’s modified Eagle’s medium (DMEM, Gibco, ThermoFisher Sci-
entific, Massachusetts, USA). The hydrogels were allowed to poly-
merize and equilibrate at 37°C for an hour.

2.2. Rheology tests: hydrogel viscoelastic properties

To explore the influence of collagen source and concentration
of the hydrogels’ mechanical properties, the elastic moduli of the
different hydrogels were characterized by rheology tests using a
stress-controlled rotational rheometer MCR 301 (Anton Paar, Gratz,
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Austria) at 37 °C with a standard steel cone geometry CP25-1
(25 mm of diameter and 1¢). The hydrogels were prepared in situ,
keeping their components at 4 °C until mixing to immediately
loading in the rheometer in an injectable aqueous form. Approx-
imately 200 pL of each hydrogel was placed in the Peltier plate’s
center, avoiding the insertion of air or bubbles. When centered, the
cone plate was set to the corresponding gap height (48 pum), and
silicone oil was applied on the peripheral to prevent evaporation.
Initially, a time sweep was applied at 1 % strain and 1 Hz to moni-
tor the gel polymerization through the evolution of the storage (G’)
and loss modulus (G”) with time. Note that the strain level and
frequency were set from preliminary strain and frequency sweeps
in order to select values significantly lower than the yield strain,
and greater than the crossover frequency, respectively. Once the
viscoelastic properties were stabilized after approximately 45 min,
a frequency sweep was applied by increasing the oscillatory fre-
quency from 0.1 to 10 Hz at a shear amplitude of 1 % (10 Pt./dec).
Then, the stored (G’) and loss (G”) moduli of each hydrogel were
calculated as the average of the recorded data in the plateau (fre-
quency range of 0.1-1 Hz). The complete rheometer data acquisi-
tion was performed using the software RHEOPLUS/32 (Anton Paar,
Gratz, Austria). The shear modulus (G) was calculated from G’ and
G” using Rubber’s elasticity theory [56]:

G=+G?2+(G"n (])

Finally, the elastic modulus (E) of the hydrogels was derived
from the previous shear modulus (Eq. (2)).

E=2G(1+v) (2)

where the Poisson’s coefficient v was assumed equal to 0.34, a
value that was previously used in the literature for analogous hy-
drogels [57-59]. The number of samples for each case was n = 3.
The results were established as the average among samples for
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each hydrogel case. Finally, for a better understanding of the rel-
ative contributions of elastic vs. frictional forces to the overall
rheological response of the hydrogel, the evolution of the loss or
damping factor was calculated for previous frequency sweep using
Eq. (3):

tan (3)

1

G
= 3)

2.3. Focused ion beam-scanning electron microscopy (FIB-SEM)

The morphology and micro/nano-architecture of all collagen hy-
drogels were characterized with focused ion beam milling and
scanning electron microscope (FIB-SEM). For each type of hydro-
gel, 3 samples were analyzed (n = 3), 27 hydrogels in total. FIB-
SEM methodology allows for the segmentation of a 3D fibered
network and subsequent quantification of structural parameters,
thereby overcoming common limitations such as 2D aggregations
and overlapping of adjacent fibrils. After preparing 200 uL samples,
they were fixed using 2.5 % glutaraldehyde in 0.1 M cacodylate-HCI
buffer (pH 7.4) at 4 °C for 2 hrs. Immediately after that, fixed sam-
ples were rinsed three times in pure 0.1 M cacodylate-HCI buffer.
The post-fixation consisted of incubating the sample at room tem-
perature in the following solutions: 2 % osmium tetroxide and 1.5 %
potassium ferrocyanide (1.5 hrs), 1 % thiocarbohydrazide (30 min),
2 % osmium (1 hr), 4 % uranyl acetate solution (10 hrs), 1 % lead
aspartate (1 hr). Between steps, several washes in distilled water
were performed. Lately, a dehydrated stepwise with acetone of in-
creasing concentration was carried out (50-100 %) and an embed-
ment in the hydrophobic Durcupan ACMTH resin (Sigma-Aldrich,
Missouri, USA). The samples were glued with 2-component con-
ductive resin to a conventional SEM pin stub, which was subse-
quently coated with 30 nm gold/palladium 80/20 to get a conduc-
tive surface.

Images were captured with the microscope Zeiss Crossbeam
550 (ZEISS, Oberkochen, Germany), which integrates a Xe/Ga ion
source. A scheme of the FIB-SEM setup is shown in Scheme 1B.
The microscope was tilted to achieve a 54¢ inclination between
the SEM and FIB columns, whose FIB-SEM coincidence point was
located at a working distance of about 5.2 mm. A 15x15 pm area
was selected on the resin block’s surface, and a 1-micron platinum
protective layer was deposited using the electron beam for 5 min
(Scheme 1B). In this layer, autotune and tracking marks are carved
to minimize curtaining artifacts during FIB milling and correct mis-
aligned sections in the post-processing. The FIB-SEM operates by
slicing and polishing layers of the embedded hydrogel while cap-
turing high-resolution images (Scheme 1C, pixel size 10x10 nm
in xy and 20 nm in z) with the second beam using the software
Zeiss Atlas 5 (ZEISS, Oberkochen, Germany). A video of the com-
plete acquisition of the FIB-SEM for one of the collagenous hydro-
gels is available in the Supplemental Material (Video S1). Moreover,
a comparison of the acquired microarchitectures for different col-
lagen sources and concentrations is shown in Fig. S5.

2.4. FIB-SEM image analysis

Image stacks were analyzed using Avizo (Thermo Scientific,
Waltham, Massachusetts, USA). A median filtering (3D interpre-
tation, 18 neighbor pixels) was initially applied to reduce the
noise while preserving the fiber edges. Then, an inner volume
(6 x 6 x 6 um) was selected as a volume of interest (VOI) to avoid
the influence of the boundary faces. Small spots from remaining
noise (<1000 pixels) were removed before calculation, and the
fibers were interactively thresholded. An example of the resulting
3D collagen structure is displayed in Scheme 1D. Different microar-
chitectural parameters of the hydrogels were processed and calcu-
lated in the resulting fibered structure: the volume fraction as an
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indirect measure of the collagen density (module Volume Fraction);
the degree of anisotropy, understood as the 3D fiber alignments
along a particular directional axis (module Degree of Anisotropy);
and the average fiber thickness and pore size of the VOI. To cal-
culate the average fiber thickness and pore size of the structure,
thickness maps, defined as the diameter of the largest ball con-
taining the voxel and entirely inscribed in the thresholded region
(fibers and spacing, respectively), were computed (module Thick-
ness Map) following the definition given by Hildebrand & Riiegseg-
ger [60]. Scheme 1D shows examples of these maps computed on
one of the collagen hydrogels. Later, histograms of each distribu-
tion were calculated (module Histogram).

2.5. Cell culture and TFM experiments

Human MDA-MB-231 breast cancer cells were cultured (37°C at
5 % CO2, humidified atmosphere) in DMEM with 4.5 g/L Glucose,
I-Glutamine and Sodium Pyruvate (Gibco) supplemented with 10 %
heat-inactivated fetal bovine serum (FBS; Gibco) and 1 % penicillin-
streptomycin (Gibco). The cells were subcultured at approximately
90 % confluency and only used for experiments for passage num-
bers below 20. Before live cell fluorescence microscopy, MDA-MB-
231 cells were labelled with CellTracker Green CMFDA (Invitrogen,
Thermo Scientific, Waltham, Massachusetts, USA) and incubated
with DMEM culture media at 37°C for 1 hour.

Cells were detached with 0.05 % Trypsin/ EDTA (Gibco) and re-
suspended in fresh DMEM before added to the collagen mix at
a density of 4 x 10* cells/mL, together with 5 ul of fluorescent
microspheres (0.2 pm diameter, carboxylated, ex/em 660/680, In-
vitrogen). An amount of 20 pl of the mixture was pipetted in an
imaging chamber (Secure-Seal hybridization sealing systems, Invit-
rogen) pre-mounted in a 35 mm petridish. The hydrogels with cells
were allowed to polymerize in an incubator with 5 % CO, and 95 %
humidity at 372C for a minimum of 1 h, before covering the dish
with DMEM (containing FBS) to promote spontaneous cell migra-
tion.

2.6. TFM image acquisition and analysis

3D image stacks were acquired 24 hrs after collagen polymer-
ization using a Leica Stellaris 8 confocal microscope (Leica Mi-
crosystems, Wetzlar, Germany) with a 20x glycerol immersion ob-
jective (NA 1.5). Approximately 30 pm z-stacks were acquired, ad-
justing the size to ensure the acquisition of the entire cell vol-
ume, with voxel size of 0.227 pm, 0.227 ym and 1.48 pm (X, y, and
z, respectively). The cells labeled with CellTracker Green were ex-
cited at 498 nm (channel 1), while the dark red fluorescent beads
were excited at 653 nm (channel 2). 16-19 cells were analyzed per
group (n = 16-19 per group), a total of 157 cells. Examples of con-
focal images captured for cells embedded in each of the hydrogels
studied are shown in Fig. S1 of the Supplementary Material. Then,
Cytochalasin D (dissolved in DMSO, Sigma Aldrich) was added to a
concentration of 4 pM and given at least 1 hr to relax the cells due
to disruption of actin filaments. The same cells were imaged again
to obtain comparative images in the absence of forces (stress-free
state). A stage incubator was used to keep the cells at 37°C and 5 %
CO, during image acquisition.

The forces exerted by cells during maturation were quantified
through 3D TFM experiments (see Scheme 2). To this end, 3D con-
focal imaged stacks at both stressed (Scheme 2A) and relaxed con-
figurations (Scheme 2B) -previously filtered at different regions
of interests (ROIs) and associated to different isolated cells- were
used as an input for the open-source software TFMLAB [61]. As as-
sumed in TFM methodology, we considered that hydrogels recover
a stress-free state after cell relaxation. A study performed under
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Scheme 2. An illustration of the 3D Traction Force Microscopy methodology in single breast cancer cells. A) A cancer cell is cultured on collagen hydrogel with embedded
fluorescent microspheres. In the stressed state, the cell has exerted traction forces that deform the surrounding collagen network. B) After adding cytochalasin D (Cyto-D),
their actin filaments are disrupted, and the cell returns to its original relaxed state. Thus, the fluorescent microspheres move to their original positions before deformation.
As an example, the bright field and confocal images of both states for a single cell are shown. Scale bars are 50 pm. C) A displacement field is calculated by comparing the
positions of the beads between the stressed and relaxed states. After solving a finite element model, the traction field that fits the measured microspheres’ displacements is

calculated numerically.

similar hydrogel composition and concentrations showed that as-
suming an elastic response of these hydrogels is a valid hypothesis
[35], although this assumption is a common limitation for the re-
covery of tractions in TFM.

As shown in Scheme 2C, TFMLAB allows for confocal image
processing, cell segmentation, and displacement measurement. In
the image processing step, raw images were initially denoised us-
ing the penalized least-squares method. Image contrast was sub-
sequently enhanced through stretching operations. Later, the soft-
ware calculated a shift correction to adjust any microscope stage-
related drifts. Cell bodies were segmented by applying Otsu’s
method for automatic image thresholding. Small binary objects
not belonging to the cell body were also removed. In the follow-
ing step, TFMLAB computes the displacement field in the selected
ROIs using B-spline-based Free Form Deformation-based (FFD) im-
age registration throughout a nonrigid mesh transformation from
the stressed to the relaxed imaged configurations [62]. On the
other hand, the Matlab toolbox Iso2Mesh was used to create a sur-
face mesh of the cells from its confocal voxelised image. Then, a
volumetric tetrahedral mesh of the hydrogel volume was created
within the selected ROI. The FFD output displacement field val-
ues were interpolated from the image (voxel) coordinates to the
FE nodes of the hydrogel and sprout boundary domains using the
Matlab griddedInterpolant class with cubic interpolation. Then, us-
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ing this displacement field as an input, cellular tractions are recov-
ered along the boundary of the cell using an inverse formulation
[61,63,64], that computes a consistent solution of stresses that ful-
fills equilibrium conditions within the hydrogel domain. The nu-
merical implementation of the referred inverse formulation was
implemented in TFMLAB software using Matlab. This code takes
as an input the FE stiffness matrix computed from Abaqus Simu-
lia, which is integrated in the workflow of the software. TFMLAB
outputs (among other variables) displacement and traction fields
along the cell boundary. The magnitude of these fields is used to
quantify the mechanical activity of the breast cancer cells in the
different analyzed hydrogel compositions. From the .vtk files pro-
vided by TFMLAB, 3D-renders of the cells, displacement and trac-
tion fields were created using the open-source software ParaView
(Sandia National Laboratories, Kitware Inc, Los Alamos National
Laboratory) for visualization. The latest version of the TFMLAB
code can be downloaded from https://gitlab.kuleuven.be/MAtrix/
Jorge/tfmlab_public.

The overall specific strain energy exerted by cells was also com-
puted, as a measure of the internal work developed by cells to ex-
ternally deform their surrounding collagen mechanical microenvi-
ronment. The specific strain energy was calculated as follows:

1
ZA Zt,‘~u,‘~A,‘
1

Energy = (4)
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with ; and u; being the traction and displacement vectors, respec-
tively, computed at the centroid of the facets i of the surface mesh
of the cell. A; is the area of the facet i.

Tractions were further post-processed to obtain the traction po-
larity using the following approach. First, the traction vectors with
magnitude above 90-percentile on the cell surface were selected.
Then, the eigenvalues of these vectors were computed using func-
tions cov and eig from Matlab. The polarity of the traction field
P was finally computed with the following equation:

E
p=_—— 1
E] —+ E2 —+ E3
where Eq, E5, E3 are the traction eigenvalues sorted in descending

order. P has a value between 0 (non-polarized) and 1 (completely
polarized).

(3)

2.7. Morphological characterization of the cells

From the cell segmentations provided by TFMLAB, we com-
puted the following morphological operations:

Cell Volume = N; - Vyox (6)

where N is the number of voxels in the cell binary mask and Vu
is the physical volume of one image voxel (~0.08 pm?3).

Cell protrusion segmentation was performed as previously de-
scribed (Yuan et al., 2023). Briefly, the largest sphere that fits
within the cell binary mask was calculated using MATLAB func-
tions bwdist and pdist2. We then selected the voxels from
the cell binary mask located at a Euclidean distance larger than
two times the sphere radius. Connected components of this se-
lection were taken as individual protrusions. The principal axis
length of these protrusions was then obtained with function
regionprops3. Moreover, this function also provided the ‘solid-
ity’ metric of the cells. In this work, we referred to the solidity of
the cells as “sphericity” and expressed it between 0 and 1 (perfect
sphere).

2.8. Statistical analysis

The significant differences in cell’s tractions, energy, traction
polarity, or hydrogel’s elastic modulus among the different hydro-
gels were evaluated using one-way ANOVA Tukey’s test in MATLAB
(function anoval).

3. Results and discussion

3.1. Quantitative atlas of structural and mechanical features of
collagen hydrogels

The interaction between cells and their ECM is intricately linked
to the complex microarchitecture and physicochemical character-
istics of the environment [17]. These factors influence the cells’
ability to exert traction forces, affecting the manner and speed of
migration [65]. In this context, substrate viscoelasticity is an im-
portant property that affects hydrogel response to traction exerted
by the cells on the polymer network during 3D migration [66],
which is governed by a combination of matrix pore size, degrad-
ability and viscoplasticity [12,13]. On the other hand, tunable hy-
drogels provide a platform to explore the impact of the microme-
chanical and microstructural features of 3D matrices on cell behav-
ior. The present work is, to our knowledge, unique in comparing
the mechanobiology of cancer cells in ECM with a wide range of
compositions, collagen concentrations, and, subsequently, physico-
chemical microenvironments.

Mechanical properties of collagen ECMs are determined by the
fibril density, spatial orientation of the fibers, and their degree of
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crosslinking [67,68]. Polymerization conditions can be varied to ob-
tain mechanically distinct ECMs with different fibrillar microstruc-
tures. The nine hydrogel conditions explored in this study (BOV,
RAT and MIX at collagen concentrations of 0.8, 1.5, or 2.5 mg/ml)
were mechanically characterized after polymerization using shear
rheology (n = 3 per case) to obtain the storage modulus (G’), loss
modulus (G”) and elastic modulus (E), as shown in Fig. 1A-C and
Table 1 of the Supplementary Material. Fig. S2 provides the results
of the initial time and frequency sweeps to check the hydrogel
polymerization (average curve per case), as described in Materi-
als and Methods. Note that the absence of significant differences
in mechanical properties after the addition of the fluorescent mi-
crospheres or with incubation time after polymerization (~45 min)
was also verified, as shown in Fig. S3 of the Supplementary Mate-
rial. While G’ modulus describes the general elasticity of the hy-
drogel, the G” modulus reflects the dissipated energy as a char-
acteristic viscosity. In all cases, G’ was higher than G” (Fig. 1A-B).
Fig. 1D-F show the evolution of the damping factor of the hydro-
gels made with a collagen concentration of 0.8, 1.5 and 2.3 mg/ml
at different frequencies (0.1-10 Hz), respectively. The loss factor re-
mains mostly below 0.2 in all hydrogels, reporting a clear contri-
bution of elastic forces over internal friction between the compo-
nents in the flowing hydrogel. Nevertheless, the hydrogel based on
bovine collagen at its lowest concentration (BOV 0.8 mg/ml) re-
ported a loss factor around 0.25 for frequencies between 0.1 and
1 Hz, as shown in Fig. 1D. Understanding this factor as the ra-
tio of energy dissipated per cycle to the maximum stored energy,
the stored elastic energy dissipated through viscoelastic processes
cannot be considered negligible in this softest hydrogel. Despite
this case, our collagen-based hydrogels predominantly exhibit solid
mechanical behavior rather than fluid-like characteristics. Previous
studies in other type I collagen gels reported that rheological pa-
rameters (G’ and G”) increased with the fibrillar concentration [69].
In our study, this relationship was also proven to be independent
of the collagen source and stiffness. The elastic moduli of the hy-
drogels were significantly different at lower versus higher concen-
trations of collagen (see Fig. 1C and Fig. S4 of the Supplementary
Material). Rat tail collagen-based hydrogels also presented a higher
elastic modulus than both bovine dermis- and mixed collagen-
based hydrogels in any concentration. For instance, 2.3 mg/ml of
rat tail collagen provided an elastic modulus to the hydrogels of
240.1 + 39.4 Pa, 25 times stiffer than the one measured in the
0.8 mg/ml bovine dermis collagen-based gels (9.3 & 4.7 Pa). Such
differences in stiffness between rat-tail and bovine collagen-based
lattices align with measurements carried out in previous studies
using atomic force microscopy [17].

Next, comparing the fibrillar microstructure of the nine colla-
gen hydrogels using scanning electron microscope (SEM) images
(Fig. 1G) showed that the pore size visibly decreased with increas-
ing collagen concentration when using any collagen source. Fur-
ther, a qualitative observation of the SEM images (Fig. 1G) suggests
that the bovine dermis collagen matrix showed entangled node-
like fibers, whereas the rat tail collagen-based structures presented
well-defined and more homogeneous pores. These results are con-
sistent with other gels made of similar types of collagens [70], sug-
gesting that the network of pure bovine dermis collagen, and to a
lesser extent of the mixed collagen, is more heterogeneous than
that of pure rat tail collagen. One plausible explanation for this
could be the difference in the species and the tissue from which
the collagens are extracted [71].

FIB-SEM was used to quantify how the different structural
properties affect the nanoarchitecture of the hydrogel (Scheme 1B-
C). Fig. 1H shows an example of the evolution of the fibered struc-
ture with the collagen concentration for bovine dermis hydrogels.
While FIB-SEM has previously been applied to hydrogels for fiber-
tracing [72], to our knowledge, the effects of 3D structural prop-
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erties on the apparent mechanics of the matrix and the cellu-
lar mechanical interaction are studied for hydrogels from differ-
ent collagen sources and concentrations for the first time. Fig. 11-
] show an example of the pore size and fiber thickness distri-
butions (histograms) in pure rat tail collagen. The observed pore
size was highly dependent on the collagen concentration, in line
with what is observed in the 3D reconstructions of the Fig. 1H.
Further, Fig. 1K-L quantifies the mean and standard deviation of
the pore size and thickness in all collagen sources and concentra-
tions. As shown in Fig. 1K, slightly larger pore sizes were found
in rat tail collagen-based hydrogels, suggesting that pore size also
depends on the collagen source of the matrix and consequently
on its physicochemistry. Meanwhile, fiber thickness was not influ-
enced by a change in concentration or collagen source, with an av-
erage thickness of around 50 nm across all hydrogels (Fig. 1L). This
is consistent with the 3D structural analysis of the purified ten-
don collagen-based gels [72], where the fiber thickness distribution
was modulated only with changes in polymerization temperature
or upon addition of proteoglycan decorin.

Fig. 1K-N also compare the mean elastic modulus of the nine
hydrogels with the quantitative structural data measured by FIB-
SEM, including the mean pore size (Fig. 1K), the mean fiber thick-
ness (Fig. 1L), the porosity (Fig. 1M), or the degree of anisotropy
(Fig. 1N). Porosity consistently decreased with the hydrogel stiff-
ness for all three types of hydrogels. This observation aligns with
the theory of micromechanics, where stiffness decays with poros-
ity in lattice/cellular materials [73]. It is also consistent with the
SEM images (Fig. 1G) and previous studies [74]. Mean fiber thick-
ness and the degree of anisotropy of the structure (around 0.58
in all cases) did not significantly influence their bulk mechanical
properties. The slight anisotropy of the structure is likely due to
the manufacturing and polymerization methodology of the sam-
ples or their preparation for the FIB-SEM. However, this parame-
ter does not seem to play a critical role in the stiffening of the
gel. Therefore, the mechanical properties of our hydrogels are likely
regulated by the combination of porosity, pore size, physicochemi-
cal differences in crosslinking, and the intrinsic elastic modulus of
the collagen fibers. For reference, the elastic moduli of detonated
fibrils from bovine and rat tail tendons are reported to be approx-
imately 5 GPa and 11 GPa, respectively [75,76].

In summary, the diverse hydrogel environments examined in
this study inherently introduce varying ECM pore size, porosity
and apparent mechanical properties to the cultured cells. For a
given fiber size and degree of structural anisotropy, hydrogels pre-
pared from bovine dermis collagen exhibit more heterogeneous fi-
brous structures, resulting in smaller pore sizes and lower porosity
than their rat tail-based counterparts. However, the elasticity of the
latter imparts greater mechanical resistance for cell interactions.
Hydrogels composed of both collagen types present intermediate
structural and mechanical properties, with collagen concentration
regulating their nanoarchitecture. It is known that breast cancer
cells remodel the ECM by altering its structure and mechanics. The
ECM becomes disorganized and deregulated as a result of the in-
creasing fiber density and stiffness during tumor progression [77].
We next delve into a detailed analysis of how these distinct en-
vironments influence both the initial phenotypic and mechanical
behavior of isolated cancer cells.

3.2. The mesenchymal phenotype of cancer cells is independent of
the matrix nanoarchitecture

Cell morphological parameters were compared across each type
of hydrogel (n = 16-19, Fig. 2A), including the number of pro-
trusions (Fig. 2B), the degree of sphericity (Fig. 2C), the cell vol-
ume (Fig. 2D), the cell length (Fig. 2E), and the average protru-
sion length (Fig. 2F). No significant differences were found be-
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tween groups in any of these parameters. Regardless of the stiff-
ness, structural or physicochemical composition of the hydrogel,
the cells generally adopted an elongated spindle-like morphology
with one or two protrusions, as indicated by the consistent num-
ber of protrusions (around 2 in all cases, Fig. 2B) and sphericity
(around 0.6, Fig. 2C). This elongated morphology (Fig. 2A) is asso-
ciated with a mesenchymal-like invasion, a migration mechanism
dependent on actin-based protrusions and ECM adherence via cel-
lular receptors including integrins [78-81]. The mesenchymal phe-
notype evident in confocal images (Fig. S1 of the Supplementary
Material) aligns with the morphology adopted by MDA-MB-231
cells during migration through the ECM in 3D models of varied
pore sizes and is a typical feature of aggressive tumor cells in vivo,
contrasting the spherical shape of non-invasive cells [78-80].

Interestingly, this mesenchymal-like morphology is observed
across all studied collagen compositions without significant differ-
ences. In this regard, it was described that MDA-MB-231 cells in-
vaded polymerized type I collagen hydrogels with telopeptides, in
contrast to the less invasive cell line MDA-MB-435S that showed
a spindled form only in telopeptide-free collagen [78]. On the
other hand, other authors observed the same spindle shape in
MDA-MB-231 in different collagen types [26] but also described
greater sphericity in bovine dermis collagen, a morphology associ-
ated with ameboid-like migration [74]. However, sphericity in our
study (Fig. 2C) showed no significant differences across all nine
types and concentrations of hydrogels. Consistent trends were ob-
served in cell volume (Fig. 2D, 6291.9 + 3050.1 um3), cell length
(Fig. 2E, 611 + 21.2 pm), and average protrusion length (Fig. 2F,
24.8 4+ 13.9 pm), with no clear variations or significant differences
in any of these parameters. In the same cell line and mixed col-
lagen hydrogels (BOV+RAT at a ratio of 1:1), Steinwachs et al.
[35] did find significant differences in cell elongation, but only
when slightly higher and lower collagen concentration, 0.6 and
2.4 mg/ml, were compared.

These results suggest that the explored mechanical and struc-
tural microenvironment does not alter the morphology of this cell
line. Consequently, our breast cancer cells were capable of elongat-
ing and generating protrusions independent of the pore size of the
surrounding collagen matrix and the elasticity of the fibers, sug-
gesting comparable mesenchymal migrations. Thus, these microen-
vironments did not present a significant barrier to the cells im-
posed by the matrix in adopting an invasive and aggressive mor-
phology. As proof of their migratory capacity, Video S2 of the Sup-
plementary Material shows the behavior of cells in mixed collagen
hydrogel at the concentration of 1.5 mg/ml for 72 hrs.

3.3. 3D cellular forces and energy describes a linear response and
plateau with the ECM stiffness

In order to explore the influence of the microenvironment on
cell-ECM mechanical interactions, we used TFM to measure cell-
induced matrix displacements and tractions. Fig. 3A shows the dis-
placement fields around nine representative cells for each hydro-
gel type and concentration. Differences can be observed as a func-
tion of the collagen concentration, where the displacement magni-
tude slightly decreases as the concentration increases. In all cases,
maximum matrix displacements were located around the tips of
cells’ protrusions. Fig. 3 also shows the change in 90-percentile dis-
placements generated around the cells’ surface for each hydrogel
(n = 16-19) as a function of collagen concentration (Fig. 3B) or the
ECM’s elastic modulus (Fig. 3C). The degrees of significance in the
90-percentile displacements between groups are provided in Fig.
S4 of the Supplementary Material. Consistent with previous results,
we observed a general decrease in cell-generated displacements
as the collagen concentration or the hydrogels’ stiffness increases.
However, according to Fig. S4, these differences were more statis-
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Fig. 2. Morphology of the breast cancer cells embedded in the collagen hydrogels. A) Rendering of some representative analyzed cells in the different hydrogels. B) Number
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tically significant when comparing the hydrogels made of bovine
dermis collagen (BOV) at concentrations of 0.8 and 1.5 mg/ml with
the 90-percentile displacements computed in the rest of the ma-
trices. These displacements are a result of tractions that cells exert
to maintain their shape, reorganize the extracellular matrix, mi-
grate, or communicate with nearby cells [24,25]. Traction fields vi-
sualized around protrusions of individual cells for each hydrogel
condition show that cells exert pulling forces using their protru-
sions to deform the surrounding hydrogel (Fig. 4A). Fig. 4B shows
the 90-percentile tractions as a function of the collagen concen-
tration (mg/ml) for each composition. In contrast to the displace-
ments, tractions increase with collagen concentration from ~3 Pa
in the softest gels to ~65 Pa in the stiffest ones with significant
differences (p-value < 0.001, Fig. S4). Fig. 4E shows the relation-
ship between the tractions and mean elastic modulus measured
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using rheological tests. These results suggest that the strength with
which a cell pulls the collagen substrate is strongly dependent and
increases with the stiffness of the hydrogel.

As the stiffness of the base collagen source was higher, the in-
crease in the mean 90-percentile traction was smaller between the
lowest and highest concentration, being approximately 11-fold, 9-
fold and 7-fold for the bovine dermis, mixed and rat tail collage-
nous hydrogels, respectively. Moreover, fixing a collagen concentra-
tion, notable differences were also found between collagen sources
(Fig. S4), possibly due to the different stiffening profiles of each
collagen type. The increase in cell traction or cell stiffness with
ECM stiffness was previously observed in 2D experiments in other
cell lines, for example, in human mesenchymal cells on collagen-
coated substrates [82], in vascular smooth muscle and endothe-
lial cells in polyacrylamide gels [83,84], in fibroblasts [21,85], or
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in human metastatic breast, prostate and lung cancer cell lines
[86]. This behavior could be due to strain-control mechanisms,
where the cell applies a fixed deformation on its environment to
mechanosense, migrate, or interact with surrounding cells [87,88].
In 3D environments, cell-ECM strain dynamics have been reported
to be cell type-dependent. MDA-MB-231 cells produce low ECM
strains in 3D collagen [89]. Different studies describe (a) nearly
constant forces with increasing stiffness of the hydrogel [35] or (b)
cell-generated force increase with initial collagen matrix stiffness
[26]. These differences may be due to the different microstructure
characteristics of the matrix or the different migration mode of
the individual cells. In contrast, mesenchymal fibroblasts generate
anisotropic ECM strains nearly four-fold higher than breast cancer
cells [89,90]. Anguiano et al. [91] showed that H1299 lung cancer
cell tractions also increase with higher substrate (mixed collagen-
Matrigel hydrogels) stiffness. As a result, the exerted tractions to
achieve a given deformation in stiffer microenvironments should
be higher. This hypothesis is consistent with our observed dis-
placement fields (Fig. 3), where not many significant differences
were found between the analyzed cases, as reported in Fig. S4 of
the Supplementary Material. Further, the mesenchymal-like elon-
gated morphology of the cells seen for all the analyzed cases sug-
gests that cells maintain a consistent and optimal morphology to
mechanosense the hydrogel.

As shown in Fig. 4E, it is also interesting to note that traction
forces exerted by the cancer cells seem to have a tendency for sat-
uration at a hydrogel stiffness of 70-80 Pa, after which a stiffness-
dependent increase in tractions is curved. This force saturation is
seen in the changes in the traction growth slopes of the cases with
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the highest collagen concentration, especially in the stiffest ECM
tested in the study (RAT 2.3 mg/ml), whose elastic modulus was
above 200 Pa. Fig. 4C plots the strain energy (normalized to its
surface area) applied by the cell during its mechanical interaction
with the ECM. The strain energy is plotted against the hydrogel
stiffness for each collagen composition and concentration (Fig. 4F).
We found that the strain energy also seems to reach an asymptote
~40 Paepm in rigid mechanical microenvironments. This conclu-
sion was supported by the lower significant differences found in
energy between matrices with highest apparent stiffness: BOV 2.3,
MIX 2.3, and RAT 1.5 mg/ml and RAT 2.3 mg/ml (Fig. S4). Simi-
lar conclusions have previously been derived for tractions in silico
[92]. These results also agree with a previous study in a 2D model
where average traction forces of fibroblasts and epithelial cells var-
ied linearly with the hydrogel’s stiffness up to a force saturation
level, which was an intrinsic property of each cell line [85]. How-
ever, to our knowledge, this is the first time a mechanical limit has
been quantified in a 3D in vitro system with cancer cells for both
cell tractions and strain energy. This phenomenon may be due to
the appearance of a cell’s physiological mechanical and energetic
limit after reaching a saturation in its internal stiffness and strain
energy, as was found in previous in vitro studies [21].

The strain energy distribution around mesenchymal-like cells
was demonstrated to increase the complexity and anisotropy of
traction force generation. This phenomenon is closely related to
cell morphology reported in the previous section, suggesting that
the directionality of tractions, not their magnitude, may be essen-
tial for cancer invasion [80]. Fig. 4D and G show the traction polar-
ity plotted against collagen concentration and mean elastic mod-
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ulus, respectively. There is no significant trend, and it stabilizes
around 0.6-0.7 with no significant differences across all nine hy-
drogels (p-values > 0.05 in most cases, see Fig. S4). These results
are in the line of previous studies in the same cell line, but that
only analyzed mixed collagen hydrogels at a ratio of 1:1 [35]. This
suggested that breast cancer cells adopt a similar polarity with a
high anisotropy regardless of the apparent mechanical properties
of their ECM.

In brief, cells exert polarized forces in a preferred direction
whose magnitude increases linearly with the stiffness of the ma-
trix up to a physiological traction/strain energy limit. Whether this
level of rigidity represents a real space restriction to the invasive
or migratory activity of the cells or if they end up locally deform-
ing or degrading the matrix exceeds the scope of this work. In the
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following subsection, the potential influence of the structural pa-
rameters of the collagenous structure of the hydrogel on these me-
chanical parameters is discussed.

3.4. ECM micro and nanoarchitecture: a key modulator for 3D
cellular tractions

To investigate whether traction forces and energy rely on the
ECM microarchitecture parameters and/or on the collagen-type na-
ture of the ECM, we plotted in Fig. 5A-B and D-E the trends of the
traction field and specific strain energy with pore size and porosity
for the different collagen-based hydrogel types and concentrations.
For the three types of hydrogels, it can be observed that the trac-
tion field and strain energy are highly dependent on the pore size
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and porosity and decrease inversely with them. This finding agrees
with several studies that have demonstrated changes in the cell’s
mechanical behavior and cell migration as a result of the pore size
[93]. Cell migration is directly related to the ability of the cells to
generate traction forces, the migration speed being negatively cor-
related with the traction forces with a Hill-curve shape [94]. An-
other study reported that migration in the absence of space restric-
tions declines as a linear function of the matrix’s pore size, which
was controlled by the collagen composition and the polymerization
temperature [95]. However, the pore size was measured through
2D scanning/ transmission electron microscopy images, thus pre-
cluding the direct assessment of the 3D extracellular matrix.

In addition, both traction forces and strain energy are highly
dependent on the physicochemical characteristics of the hydrogels.
As seen in Fig. 5A-B and Fig. 5D-E, for a given porosity percent-
age or pore size, tractions and strain energy are higher in the rat-
based hydrogel (RAT, stiffest case) and lower values in the bovine
one (BOV, softest case). These results suggest that cells modulate
forces to deform the hydrogel depending on the microstructure
and physical impedance found along their 3D migration path, char-
acterized in our study by hydrogels’ stiffness and microstructural
properties. In addition to this, when cells contract the ECM, they
exert both adhesion and resistant forces that do not depend only
on the stiffness of the matrix but also on the physicochemistry and
protein concentration of the polymeric network, the adhesion lig-
and density and nanoarchitecture (aminoacidic sequences of colla-
gen) [81,96]. Stiffer matrices also appear to impact the level of in-
tegrins expression, causing a bidirectional signaling with cell trac-
tion forces. Increased matrix stiffness also enhances focal adhesion
assembly, affecting cell spreading and migration [97,98].

According to Fig. 5C and F, the traction polarity also remains
stable in all fibrous structures. As with the global stiffness of the
ECM, the fiber density and the pore size do not represent a barrier
for the cell to mechanically interact with its ECM clearly in a po-
larized manner. Nevertheless, the magnitude must be higher to de-
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form fibered structures with lower porosities. This further supports
the cellular preference for an elongated morphology with two pro-
trusions and a spindle shape described earlier, regardless of the
surrounding structural or mechanical microenvironment to which
it is subjected.

4. Conclusions

In conclusion, this study shows the combination of 3D TFM and
FIB-SEM techniques as a valuable methodology to better correlate
cell mechanical behavior with the structural properties of collagen
ECMs. As far as the authors knowledge, there is no study that an-
alyzes the impact of the physicochemical and morphological prop-
erties with resolution at the nanoscale of a wide variety of nat-
ural three-dimensional collagen networks on the mechanical be-
havior of breast cancer cells in a single in vitro model. In partic-
ular, we employed well-characterized tunable collagen-based hy-
drogels to model several extracellular natural microenvironments
with varied mechanical properties and fibrillar microarchitectures.
While bovine dermis-based collagenous hydrogels provide struc-
tures with lower porosity and pore size, rat tail collagen pro-
vides greater bulk mechanical properties to the gel. The mechano-
structural differences in these matrices are due to the elasticity of
each collagen type and different physical crosslinking methods. In
these ECMs, we investigated the MDA-MB-231 cells’ morphology
after 24 hrs of culture into each hydrogel, their mechanical behav-
ior (tractions exerted by the cellular actin-myosin system, strain
energy, and traction polarity), and its relationship with mechani-
cal and structural properties of the matrices. Our results provide
evidence that the mechanical and structural microenvironments
do not influence the morphology of the cells. In all cases, can-
cer cells developed an elongated spindle-like shape without signif-
icant changes in volume, cell length, or average protrusion length,
similar to mesenchymal-like invasive phenotype. The tractions and
specific strain energy exerted by the cancer cells followed a linear
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response and plateau with the stiffening of its ECM, reaching sat-
uration in hydrogels with high apparent elastic moduli (> 200 Pa).
An increase in the porosity percentage or pore size of the col-
lagenous substrate was demonstrated to also impact the mechan-
ical behavior of the cancer cells by reducing the force and energy
they applied to pull and deform the fibered network. This is also
reflected in the high traction polarity, with no significant differ-
ences observed across all studied ECMs. With all these results in
hands, we hypothesize that MDA-MB-231 breast cancer cells tune
their mechanical state and subsequent deformation of the hydro-
gel to maintain their migration and invasiveness capacities. This
methodology could also be applicable to other cell lines to investi-
gate mechanobiological differences between cancer and non-tumor
cells, as well as to understand the factors that favor their prolifer-
ation and/or migration.
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